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Summary

� Root and rhizosphere microbial communities can affect plant health, but it remains undeter-

mined how plant domestication may influence these bacterial and fungal communities.
� We grew 33 sunflower (Helianthus annuus) strains (n = 5) that varied in their extent of

domestication and assessed rhizosphere and root endosphere bacterial and fungal communi-

ties. We also assessed fungal communities in the sunflower seeds to investigate the degree to

which root and rhizosphere communities were influenced by vertical transmission of the

microbiome through seeds.
� Neither root nor rhizosphere bacterial communities were affected by the extent of sun-

flower domestication, but domestication did affect the composition of rhizosphere fungal

communities. In particular, more modern sunflower strains had lower relative abundances of

putative fungal pathogens. Seed-associated fungal communities strongly differed across

strains, but several lines of evidence suggest that there is minimal vertical transmission of fungi

from seeds to the adult plants.
� Our results indicate that plant-associated fungal communities are more strongly influenced

by host genetic factors and plant breeding than bacterial communities, a finding that could

influence strategies for optimizing microbial communities to improve crop yields.

Introduction

Root and rhizosphere microbial communities play key roles in
determining plant health and productivity (Berendsen et al.,
2012; Chaparro et al., 2012; Bulgarelli et al., 2013; Verbon &
Liberman, 2016), yet our understanding of how these communi-
ties are assembled remains rudimentary. For example, although
different strains of Arabidopsis are known to harbor distinct root
microbiomes (Bulgarelli et al., 2012; Lundberg et al., 2012), we
currently lack a predictive understanding of the biotic and abiotic
factors responsible for these observed differences. A better under-
standing of root and rhizosphere microbial community assembly
will improve our ability to predict the structure of plant-
associated microbial communities and their effects on plant
health. Ultimately, such knowledge could be used to directly or
indirectly manipulate these microbial communities to enhance
the health and productivity of agricultural crops (Berg, 2009;
Compant et al., 2010; Singh et al., 2011; Turner et al., 2013;
Bender et al., 2016).

Previous work has demonstrated that soil properties are the
dominant factors structuring root and rhizosphere microbial
communities (Bulgarelli et al., 2012; Philippot et al., 2013).
However, other factors such as plant species identity or genotype

can also have measurable influence on their composition
(Hardoim et al., 2011; Bulgarelli et al., 2012; Philippot et al.,
2013; Coleman-Derr et al., 2015). Therefore, a critical next step
is to determine how and when differences in plant genotypes
matter for root and rhizosphere microbial community assembly
(Lareen et al., 2016). For example, root and rhizosphere bacterial
communities have been shown to differ across related strains of
Arabidopsis (Lundberg et al., 2012; Schlaeppi et al., 2014), maize
(Peiffer et al., 2013), and rice (Hardoim et al., 2011; Edwards
et al., 2015), but the specific nature of these interactions and the
factors driving these host genotype–microbial associations remain
largely undetermined.

In agriculture, knowing the factors that favor the assembly of
beneficial bacterial and fungal associations with crop plants could
be leveraged to enhance crop yields, given the potential impor-
tance of these below-ground microbial associations in mediating
nutrient acquisition, environmental tolerances, and disease resis-
tance (Rodriguez et al., 2008; Mei & Flinn, 2010; Farrar et al.,
2014). In particular, we need to know whether crop-associated
microbial communities have shifted as a result of plant domesti-
cation and whether potentially beneficial interactions between
plants and their microbial symbionts have been lost during the
domestication process. If so, it could be possible to modify
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agricultural practices to account for this loss and improve crop
yields. More generally, domestication of plants has resulted in a
number of changes to their interactions with other organisms and
their effects on agroecosystems – processes that are still poorly
understood (Garc�ıa-Palacios et al., 2013; Milla et al., 2015;
Turcotte et al., 2015). Likewise, there has been some speculation
that the selective breeding involved with domestication and the
conditions in which domesticated plants are typically grown can
influence their microbial communities (P�erez-Jaramillo et al.,
2015; Pieterse et al., 2016; Schmidt et al., 2016). For instance,
differences in the necessity for stronger stress tolerance or the
ability to grow under systematic disturbances such as plowing
could promote differences between microbial communities asso-
ciated with wild and domesticated plants. Previous work suggests
that differences in rhizosphere bacterial communities associated
with maize might be linked to domestication (Bouffaud et al.,
2014). Other studies have proposed that modern crops do not
support beneficial microbes in their rhizosphere as readily as their
wild ancestors as a result of modification of plant traits (Philippot
et al., 2013). For example, mutually beneficial associations
between arbuscular mycorrhizal fungi (AMF) and wild relatives
of crops could be less prevalent in modern crops as those crops
might be less dependent on AMF in an agricultural setting (Saw-
ers et al., 2008). However, there is mixed empirical evidence for
whether AMF more commonly form associations with wild
plants compared with their domesticated relatives (Zhu et al.,
2001; An et al., 2010; Lehmann et al., 2012; Xing et al., 2012;
Leiser et al., 2016; Turrini et al., 2016). More broadly, relation-
ships between crop evolutionary history and associated microbial
communities are not always easily detectable (Bouffaud et al.,
2012), or the effects of domestication are sufficiently subtle that
they can be difficult to quantify in highly diverse below-ground
microbial communities (Bulgarelli et al., 2015).

Differences in the microbes contained in seeds and the passage
of these microbes to offspring (i.e. vertical transmission) is one
possible mechanism that could promote genotype-specific differ-
ences in plant-associated microbial communities (Nelson, 2004;
Truyens et al., 2015). Plants could be under selective pressure to
package microbes in seeds to ensure progeny are able to form
associations with their most beneficial microbes, thus promoting
plant genotype-specific seed communities (Ewald, 1987; Rudgers
et al., 2009; Truyens et al., 2015). Previous work has shown that
seeds could serve as an important vector for the transmission of
microbes from one generation of plant to another for certain
species (Kaga et al., 2009; Johnston-Monje & Raizada, 2011;
Hardoim et al., 2012; Cope-Selby et al., 2016; Pitzschke, 2016).
Still, it is unclear whether vertical transmission of microbes
through seeds can contribute to differences in microbial commu-
nity composition across plant varieties and whether such vertical
transmission can influence plant performance. Alternatively,
given that the types of microbes found in soil appear to have a
strong influence on what types of microbes associate with plant
roots (Bulgarelli et al., 2012), any potential influence of vertical
transmission via seeds could be negligible in ultimately structur-
ing the below-ground associations that adult plants form with
microbes and have little effect on plant development and growth.

Here we sought to determine whether the structure of bacterial
and fungal communities in roots and rhizosphere was predictable
based on host genotype across 33 sunflower (Helianthus annuus)
strains grown in the same soil type. We chose sunflower as a
model species as it is a globally important crop, and we were able
to obtain seeds from strains that spanned a wide gradient of wild,
landrace (i.e. early domesticated strains), and modern domesti-
cated cultivars. This enabled us to investigate whether domestica-
tion through selective breeding affected microbial community
structure. We hypothesized that root and rhizosphere microbial
community structure differs in consistent ways across sunflower
strains and that these differences are related to the extent of plant
domestication (i.e. whether the sunflower strain was classified as a
wild, landrace, or modern strain). In addition, we characterized
the bacterial and fungal communities in seeds from the same
batches used to grow the sunflowers to assess the extent to which
bacteria and fungi were transmitted from the seeds to the adult
plant root and/or rhizosphere communities. Given that previous
work has shown evidence in favor of vertical transmission in
other plant species, we hypothesized that vertical transmission of
seed-associated microbial communities may contribute to the
observed strain-specific differences in the microbial communities
associated with adult plants.

Materials and Methods

Plant material used

A total of 33 common sunflower (Helianthus annuus L.) strains
were selected to span the full range of genetic variation in the
species (Harter et al., 2004), including 11 wild populations from
across the native range in North America, 14 Native American
landraces representing the diversity of premodern cultivated
lineages that occurred following a single domestication event,
c. 4000–5000 yr ago (Harter et al., 2004; Blackman et al., 2011;
Kane et al., 2013; Smith, 2014), and eight modern domestic vari-
eties that are the product of the last few hundred years of more
intensive breeding efforts (Supporting Information Table S1).
This sample set thus allows us to evaluate the role of the original
domestication event in North America, the result of thousands of
years of selection by Native Americans in what is now the south-
eastern US, as well as the more recent, scientific breeding for
modern agriculture. All seeds were obtained from the USDA
National Plant Germplasm System (https://npgsweb.ars-
grin.gov/gringlobal/; see Table S1 for seed accession informa-
tion).

Plant growth and sample collection

Seeds of each strain (n = 5 per strain) were started in sterile Petri
dishes containing moist paper towels and transferred to potting
soil (type) once germinated. After 2 wk, seedlings were trans-
planted to a 350 m2 field outside Boulder, CO, USA (40°02024″
N 105°07048″W). Plants were watered as needed. The soil in the
field was a Mollisol classified as a Manter sandy loam. This soil
type is characterized as being well drained and having a
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circumneutral acidity (http://websoilsurvey.nrcs.usda.gov/). Indi-
viduals were planted in random locations across the field as small
variations in soil and environmental conditions that might have
existed in the field. There was minimal pre-existing plant cover in
the experimental plot, and small weeds were removed before
planting.

Plants were grown for 53 d and harvested when all plants were
expected to be at or near peak height. Immediately before harvest,
plant height, stem diameter, most recent fully expanded leaf
length and width, the number of nodes, and the number of
branches were recorded for each individual. Plants were manually
uprooted from the soil, and roots were aggressively shaken in
order to remove loose soil. The ends of multiple representative
roots were cut from each plant and transferred to sterile 50 ml
conical tubes (filling approximately half the volume of the tube).
The samples in tubes were immediately transferred to the labora-
tory on ice. To remove rhizosphere soil, 10 ml of DNA-free water
was added to each tube and vortexed for 10 s, with the rhizo-
sphere soil collected after the slurry was allowed to settle for 24 h
and the supernatant was decanted, following the general
approach described previously (minus the centrifugation step;
Lundberg et al., 2012). The washed roots were then transferred
to new tubes and the roots were further cleaned by adding 10 ml
of DNA-free water to tubes, vortexing for 10 s, pouring out the
water, and repeating. Subsamples (0.2 g) of the cleaned roots
were then transferred to 1.7 ml tubes where they were processed
with 100% ethanol, rinsed with water and then treated with pro-
pidium monoazide as in Nocker et al. (2007) to remove superfi-
cial, dead bacterial and fungal cells. Roots were macerated in
their tubes with sterile pestles before DNA extraction.

Seeds that were from the same batch used to grow the plants
were included in our bacterial and fungal community analyses
(n = 4 per strain). Seeds were prepared by soaking the seeds in
DNA-free water for 24 h, briefly submerging in 95% ethanol,
and rinsing with water. This procedure was intended to soften
seeds and remove superficial microbial cells, but microbial cells
integrated in the seed coat were deliberately retained because they
could influence the adult plant’s microbial community. Each seed
was then macerated separately with a sterile and DNA-free glass
mortar and pestle.

Bacterial and fungal community analysis

Subsamples (100 ll) of rhizosphere slurries, macerated roots, and
macerated seeds were transferred to 96-well plates for DNA extrac-
tion by mixing 150 ll DNA-free water with each sample and trans-
ferring 50 ll to an individual well. DNA extraction was performed
using the PowerPlant Pro DNA Isolation Kit (Mo Bio Laboratories,
Inc., Carlsbad, CA, USA) according to the manufacturer’s instruc-
tions, with appropriate negative control (‘blanks’) included in all
steps of the process. The V4 region of the 16S rRNA gene and the
ribosomal internal transcribed spacer 1 (ITS) were PCR-amplified
to assess bacterial and fungal diversity, respectively. PCR protocols
followed those used previously (Lundberg et al., 2013; McGuire
et al., 2013) and included primers with barcodes unique to each
sample to permit sample multiplexing. The primer set with linkers

and adapters used for 16S rRNA gene amplification was 515-F
(AATGATACGGCGACCACCGAG ACGTACGTACG GT
GTGCCAGCMGCCGCGGTAA) and 806-R (CAAGCAG
AAGACGGCATACGAGAT XXXXXXXXXXXX AGTCAGTC
AG CC GGACTACHVGGGTWTCTAAT), where ‘X’ characters
represent the 12 bp barcodes (Caporaso et al., 2011; Fierer et al.,
2012). The primer sets with linkers and adapters used for fungal
ITS amplification were ITS1-F (AATGATACGGCGA
CCACCGAGATCTACAC GG CTTGGTCATTTAGAGGAAG
TAA) and ITS2 (CAAGCAGAAGACGGCATACGAGAT
XXXXXXXXXXXX AGTCAGTCAG AT GCTGCGTTCTT
CATCGATGC; White et al., 1990; McGuire et al., 2013; Smith &
Peay, 2014). Peptide nucleic acid PCR clamps were used when tar-
geting 16S rRNA genes to inhibit the amplification of chloroplast
and mitochondria genes as described in (Lundberg et al., 2013).
PCR products from triplicate reactions per sample were cleaned and
pooled in equimolar concentrations using the SequalPrep kit
(Thermo Fisher Scientific, Waltham, MA, USA). The cleaned
amplicons were sequenced in three runs (two for bacteria and one
for fungi) on an Illumina MiSeq instrument (San Diego, CA, USA)
at the University of Colorado BioFrontiers Institute Next Genera-
tion Sequencing Facility using a paired-end 29 151 bp kit for the
two bacterial sequencing runs and a 29 251 bp kit for the fungal
sequencing run. All raw sequence data have been deposited in the
National Center for Biotechnology Information Sequence Read
Archive (http://www.ncbi.nlm.nih.gov/sra) under the accession
number SRP075934.

Initial sequence processing was conducted similarly to that
described by Prober et al. (2015) following the UPARSE pipeline
implemented in USEARCH v.8 (Edgar, 2013). Briefly, sequencing
adapters were removed from fungal ITS sequences using cutadapt
(Martin, 2011), both bacterial and fungal sequences were
assigned to individual samples (i.e. demultiplexed), and a de novo
database was created by merging paired-end reads, quality filter-
ing, dereplicating, removing unique (i.e. singleton) sequences,
and clustering sequences into phylotypes at the 97% similarity
threshold. Representative sequences from those phylotypes that
were not ≥ 75% similar to any sequence in the Greengenes or
UNITE databases were removed as they were assumed to be of
low quality, chimeric, or a product of nonspecific amplification.
Raw merged reads were then mapped to the de novo database in
order to determine the number of sequences representing each
phylotype for each sample. Taxonomy was determined for each
phylotype using the RDP classifier (Wang et al., 2007) trained on
the Greengenes (McDonald et al., 2012) and UNITE
(Abarenkov et al., 2010) databases for bacterial and fungal
sequences. 16S rRNA sequences from chloroplasts, mitochon-
dria, or archaea were removed before downstream processing as
were bacterial or fungal sequences that were not classified to at
least the phylum level of resolution. Owing to the high relative
abundance of chloroplasts and sparsity of robust information on
the seed bacterial communities, we did not use those samples for
downstream analyses investigating the strain-specific differences
in plant-associated bacterial communities. Bacterial data were rar-
efied to 2000 sequences per sample, and fungal data were rarefied
to 1000 sequences per sample before all downstream analyses,
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rarefaction depths that were chosen to balance the number of
samples that could be included while maximizing the available
number of sequences per sample. FunGuild (Nguyen et al.,
2015) was used to assign fungal phylotypes from the rarefied data
to one of three trophic modes (saprotroph, symbiont, or
pathogen) where possible.

Statistical analyses

We used the Shannon diversity metric to quantify bacterial and
fungal diversity. Diversity across sample types was compared
using linear mixed-effects models with sunflower strain as a ran-
dom factor. Overall differences in bacterial or fungal community
composition were assessed by calculating pairwise Bray–Curtis
dissimilarities from square-root-transformed phylotype relative
abundances. Differences in community composition across sam-
ple types were tested using permutational analysis of variance
(PERMANOVA), and pairwise comparisons between sample
types were tested by comparing two factor levels at a time using
PERMANOVA and adjusting the resulting P-values for multiple
comparisons with false discovery rate corrections. This was done
using the function, ‘CALC_PAIRWISE_PERMANOVAS’ in MCTOOLSR

(Leff, 2016), which implements the ‘ADONIS’ function in the
VEGAN package (Oksanen et al., 2016) in R (R Core Team,
2015). Differences in community composition across sunflower
strains and across domestication levels were also tested using
PERMANOVA. We verified that the data met the assumption of
multivariate homogeneity of dispersions using the ‘BETADISPER’
function in the VEGAN package before running these tests. When
testing for differences in community composition across domesti-
cation levels, dissimilarities were first averaged across replicates of
each sunflower strain to avoid pseudoreplication. Differences in
the relative abundances of fungal pathogens among domestica-
tion levels were compared using a linear mixed-effects model with
sample type and domestication level as fixed effects and sunflower
strain as a random effect. ANOVA was used to test for differences
in the proportion of samples in each strain that had detectable
fungal symbionts across domestication levels. Only sunflower
strains with data from at least three replicate samples were used
when making comparisons across strains or levels of domestica-
tion. Relationships between plant characteristics and microbial
diversity were assessed with Spearman correlations, and relation-
ships with microbial community composition were assessed with
permutational Mantel tests. Differences in the relative abundance
of fungal pathogens across sample types were tested using a linear
mixed model with sample type as a fixed effect and plant strain as
a random effect. We used R (R Core Team, 2015) for all statisti-
cal analysis.

Results

Microbial communities differ across plant compartments

Across all samples, fungal and bacterial community structure dif-
fered strongly among root, rhizosphere, and seed samples, regard-
less of sunflower strain (Fig. 1). Fungal and bacterial diversity

differed significantly across compartments (P < 0.001 in both
cases), and fungal and bacterial diversity in seeds was lower than
in root and rhizosphere communities (Fig. 1a). Root bacterial
communities were significantly more diverse than rhizosphere
communities (P < 0.001), but fungal rhizosphere and root com-
munities had equivalent degrees of diversity (P > 0.1; Fig. 1a).
The higher bacterial diversity in root endosphere than in rhizo-
sphere samples was related to the dominance of Pseudomonas in
the rhizosphere samples.

For both bacteria and fungi, the rhizosphere, root, and seed
communities were each significantly different in composition
from one another (P < 0.001 in all pairwise comparisons;
Fig. 1b). Root and rhizosphere bacterial and fungal communities
were generally more closely related to one another than to seed
communities. Seeds tended to have high relative abundances of
the bacterial families, Nocardiopsaceae, Enterobacteriaceae, and
Sphingomonadaceae compared with root and rhizosphere
samples, which harbored high relative abundances of a number
of families not commonly observed in seeds (Fig. S1). The com-
position of fungal communities in seeds were distinguished from
those in roots and rhizospheres as a result of high relative abun-
dances of Pleosporaceae, while root and rhizosphere communities
had high relative abundances of Nectriaceae, Olpidiaceae and
Mortierellaceae (Fig. S2).

Differences in microbial communities across sunflower
strains

Neither bacterial nor fungal community diversity significantly
differed across the root or rhizosphere communities from differ-
ent sunflower strains (P > 0.05 in all cases). Bacterial root and
rhizosphere and fungal root community composition also did
not differ significantly across the strains (P > 0.05). However,
fungal rhizosphere community composition did differ across the
strains, albeit somewhat weakly (R2 = 0.25, P = 0.01). No single
sunflower strain appeared to drive the overall differences; instead
the degree of dissimilarity in fungal community composition was
similar across all sunflower strains (Fig. S3).

Differences in microbial communities across degrees of
domestication

Neither bacterial nor fungal diversity differed across domestica-
tion levels in rhizospheres or roots (P > 0.5). Domestication level
did significantly affect fungal rhizosphere community composi-
tion (R2 = 0.08, P = 0.03). Within rhizospheres, unclassified
Pleosporales, Preussia spp., unclassified Thelebolaceae, Fusarium
spp., and Conocybe spp. tended to have higher relative abun-
dances in modern strains, while unclassified Chaetomiaceae and
Mortierella spp. had higher relative abundances in wild strains,
and the Chytridiomycota genus Olpidium had higher relative
abundances in Native American and wild strains than in modern
strains (Fig. S4).

In addition to individual taxa, putative fungal pathogens had a
lower relative abundance in the root and rhizosphere microbial
communities of modern strains when compared with wild or
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native American strains (P = 0.04; Fig. 2a). Conversely, fungal
symbionts (primarily Glomeromycota; Fig. S5) were only detected
in a subset of the samples, and while not statistically significant,
they were detected in a greater proportion of the roots of modern
strains compared with wild strains (P > 0.1; Fig. 2b).

Are differences in microbial communities explained by plant
attributes?

More domesticated strains tended to be taller, have broader
leaves, wider stems and fewer branches after growing for the same
length of time (Fig. 3). However, differences in root and rhizo-
sphere bacterial and fungal communities were not strongly
related to differences in plant attributes (Tables S2, S3). The
diversity of rhizosphere bacterial communities and root fungal
communities was weakly and inversely related to measured plant
characteristics indicative of growth rate (larger plants tended to
have lower bacterial and fungal diversity; Table S2). Neither

bacterial nor fungal community composition were strongly
related to any of the measured phenotypic characteristics
(Table S3).

Seed fungal communities and their relationship with root
and rhizosphere communities

The various sunflower strains harbored different seed-
associated fungal communities (Fig. 4). On average, 7% of
the fungal phylotypes in a given root sample and 5% of the
phylotypes in a given rhizosphere sample were also observed
in a given seed. These proportions were the same (7% and
5% for root and rhizosphere samples, respectively) whether
calculated within individual strains or across all strains.
There was no significant relationship between pairwise dis-
similarities across seed communities and pairwise dissimilari-
ties across root or rhizosphere communities (P > 0.4 in both
cases).

(a)

(b)

Fig. 1 Shannon diversity distributions (a) and
nonmetric multidimensional scaling
ordinations showing differences in
community composition (b) of bacterial and
fungal communities across rhizosphere, root,
and seed samples collected from sunflowers
(Helianthus annuus). The ordinations were
based on Bray–Curtis dissimilarities calculated
from square-root-transformed data.
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Most seed, root, and rhizosphere communities contained rela-
tively few putatively symbiotic taxa, but we found that roots
(63%) and rhizospheres (37%) had the largest proportion of sam-
ples that contained detectable fungal symbionts (primarily mem-
bers of the phylum, Glomeromycota; Fig. S5) while seeds had the
lowest proportion (3.3%; Fig. 5a). Although seeds rarely con-
tained detectable amounts of known symbiotic fungi, 55% of
fungal sequences from seeds were from putative pathogens. In
comparison, 43% of fungal sequences from both root and rhizo-
sphere samples were from putative pathogens, a significant differ-
ence (P = 0.005; Fig. 5b). There were multiple taxa identified as
being potentially pathogenic, including Alternaria spp. and
Acremonium spp., which had high relative abundances in seeds
and were nearly absent in roots and rhizospheres (Fig. 5c). Rela-
tive abundances of putative pathogens in seeds also did not corre-
spond to relative abundances in roots (P = 0.3), and they had a
weak inverse relationship with relative abundances in rhizo-
spheres (r =�0.46, P = 0.02).

Discussion

The root and rhizosphere bacterial and fungal communities were
more similar to one another than to seed communities (Fig. 1b),
which suggests that many root endophytes are derived from the
rhizosphere, a finding in line with results from other plant species
(Rosenblueth & Mart�ınez-Romero, 2006; Bulgarelli et al., 2012;
Bai et al., 2015). Likewise, our results corroborate previous work
showing that taxa found in rhizospheres (Philippot et al., 2013)
tend to be distinct from those found in seeds (Truyens et al.,
2015). As the different plant compartments clearly have distinct
bacterial and fungal communities, we investigated the factors
influencing community assembly separately for each of these
habitats.

One of the central goals of this study was to assess whether
root and rhizosphere microbial communities differ in consistent
ways across closely related strains of H. annuus. While previous
work has shown that different plant hosts can harbor distinct

(a)

(b)

Fig. 2 The relative abundance of putative
fungal pathogens (a) and the presence of
putative fungal symbionts (b) in root and
rhizosphere communities across wild, Native
American, and modern sunflower
(Helianthus annuus) strains. Each point
represents the mean value for each strain,
and individual points are presented over
boxplots, where boxes and center lines
represent first quartiles, medians, and third
quartiles.
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rhizosphere and root bacterial communities (Wieland et al.,
2001; Ofek et al., 2014), the magnitude of genotype effects on
bacterial communities within individual host plant species is typi-
cally quite small (Inceoglu et al., 2010; Weinert et al., 2011;
Lundberg et al., 2012; Peiffer et al., 2013; Marques et al., 2014;
Schlaeppi et al., 2014; Wagner et al., 2016). Fewer studies have
investigated the effect of host genotype on overall fungal commu-
nities in rhizosphere or on root endophyte microbial communi-
ties (Bacilio-Jim�enez et al., 2003). Our observation that bacterial
communities were not structured by sunflower genotype does not
necessarily conflict with previous studies that have shown subtle
genotype effects on bacterial communities in other plant species,
as it is possible that below-ground bacterial communities respond
more strongly to differences in certain host traits (e.g., starch con-
tent; Marques et al., 2014) that may not differ across the sun-
flower strains examined here. It is noteworthy that we found a
significant relationship between sunflower strain identity and
fungal community composition as this suggests that fungal taxa
are more sensitive to host traits and are more likely to exhibit
strain specificity than bacteria (Cassman et al., 2016). At a more
basic level, the significant association between host genotype and
fungal community suggests an important effect of host genotype
on the rhizosphere community.

Although there was generally a weak effect of sunflower strain
identity on the microbial communities found in roots and rhizo-
spheres, we investigated whether there were broad effects of

domestication on these communities across all strains. Our
results indicated that the degree of domestication has little effect
on overall bacterial communities in the rhizosphere and root, but
there are potentially important effects of domestication on fungal
communities. Domesticated crops probably interact with rhizo-
sphere microbial communities in different ways from those of
their wild counterparts (Wissuwa et al., 2009; P�erez-Jaramillo
et al., 2015). The fact that the sunflower rhizosphere fungal com-
munity composition was related to the degree of domestication
could be driven by indirect effects of domestication on soil char-
acteristics moderated by differences in root traits. Domesticated
strains have been bred to grow more quickly and develop at dif-
ferent rates, and they probably exude different quantities and
types of organic compounds in their roots, which could have
important effects on below-ground microbial communities
(Haichar et al., 2008; P�erez-Jaramillo et al., 2015). Differences in
organic compound production across degrees of domestication
may be a result of known tradeoffs between growth rates and
defense against biotic and abiotic stressors (Mayrose et al., 2011).
Some of these interactions are mediated by important secondary
metabolites or defense compounds such as sesquiterpene lactones
(Dempewolf et al., 2008; Prasifka et al., 2015), which could stim-
ulate or hinder growth of different fungal taxa. Additionally, the
conditions under which crops have been selectively bred may
have contributed to the proliferation and demise of particular
crop-associated microbial taxa (Wissuwa et al., 2009). Few other

Fig. 3 Violin plots showing differences in
phenotypes across wild, Native American,
and modern sunflower (Helianthus annuus)
strains at the time of sample collection. Each
overlying point represents the mean value for
sunflower strain. MRFELL, most recent fully
expanded leaf length; MRFELW, most recent
fully expanded leaf width.
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studies have directly assessed effects of domestication on micro-
bial communities, but there is some evidence that bacterial com-
munities from the roots and rhizosphere of landrace wheat
cultivars are more diverse than their modern counterparts
(Germida & Siciliano, 2001). Likewise, Szoboszlay et al. (2015)
demonstrated that rhizosphere microbial community structure
varies between a domesticated maize cultivar and more ancestral
relatives. More generally, our results demonstrate that the effects
of domestication on plant–fungal associations are in line with the
numerous described effects of domestication on plant interac-
tions with insects (Chen & Welter, 2005; Chen et al., 2015).

It has been hypothesized that the domestication of crops might
affect the prevalence of pathogens and symbionts naturally occur-
ring with those crops (P�erez-Jaramillo et al., 2015). Our results
suggest that domestication of sunflowers actually decreased the
prevalence of pathogens associated with the plants and might
have even increased the prevalence of symbionts, but these pat-
terns need to be investigated further as it is difficult to infer
whether fungi (aside from Glomeromycota) are symbiotic or
pathogenic from taxonomy alone (Nguyen et al., 2015).

As expected, domesticated strains had phenotypic differences
compared with more ancestral relatives (Fig. 3; Purugganan &

Fuller, 2009), but these differences were largely unrelated to dif-
ferences in root and rhizosphere bacterial and fungal communi-
ties. The one exception was that faster growing plants tended to
have lower bacterial and fungal diversity, suggesting that plant
growth rate can directly or indirectly control root and rhizosphere
microbial diversity or that diverse microbial associations hinder
plant growth. It is possible that slower and faster growing plants
alter soil conditions in particular ways that promote more or less
microbial diversity. For instance, faster-growing plants could
excrete compounds into the rhizosphere that promote certain
taxa and thus lower diversity (Grayston et al., 1998; Oger et al.,
2004; Haichar et al., 2008; Shi et al., 2011). Variation in com-
munity composition across the root and rhizosphere samples was
unrelated to the measured phenotypes, and thus the observed pat-
terns were probably driven by other unmeasured traits that may
have varied across the sunflower strains (e.g., root exudates, root
physiology, or nutrient concentrations). We only measured
above-ground plant traits in this study, and it is possible that
microbial community composition is more strongly related to
unmeasured below-ground plant traits (e.g. root exudate produc-
tion). Additionally, it is possible that relationships between
microbial community composition and plant traits were

Fig. 4 Composition of fungal communities in seeds across sunflower (Helianthus annuus) strains. The heat map represents the relative abundance of
genera ≥ 1%. Values represent mean relative abundances within individual strains (%), and colors indicate lower relative abundances (blue) and higher
relative abundances (red). The cluster diagram shows clustering of sunflower strains by fungal community composition based on Bray–Curtis dissimilarities
of square-root-transformed phylotypes relative abundances. See Supporting Information Table S1 for details on all the sunflower strains shown in this plot.
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obscured by variation in soil properties across the field. Future
glasshouse experiments could help to elucidate subtler relation-
ships by more carefully controlling variation in soil and environ-
mental factors.

We next sought to determine if seed microbial communi-
ties were important in structuring the microbial communities
found in the roots and in the rhizosphere of the adult plants
(i.e. if there was evidence for vertical transmission via seeds).
We did observe strong differences in seed fungal community
composition across sunflower strains, which could have been
responsible for the observed differences in adult plant fungal
communities. Our results are consistent with previous work
showing differences in microbial communities across seeds
from different plants (Barret et al., 2015; Truyens et al.,
2015). However, contrary to expectations, the seed communi-
ties were not very similar to root and rhizosphere communi-
ties, and the diversity in seeds was much lower than in root
and rhizosphere communities (Fig. 1). Moreover, only a small
proportion of the root or rhizosphere fungal phylotypes were
represented in the seeds. It is possible that this small fraction
was derived from the seed, but it is equally likely that those
phylotypes could have come from other environmental
sources, such as the surrounding soil. If those seed-associated
microbes served as the inocula for root and rhizosphere com-
munities, we would expect the proportion of phylotypes
observed in adult plants that were also observed in seeds to
be greater within individual sunflower strains than between
strains. However, we found that the proportion was very con-
sistent (5–7%, on average across all strains) regardless of
whether it was calculated within or between strains, suggesting
that root and rhizosphere fungal communities are not

predictable based on differences in seed communities across
sunflower strains.

We also investigated whether those sunflower strains with
more distinct root and rhizosphere communities had more dis-
tinct seed communities. If seed-associated microbes served as
important inocula to root and rhizosphere communities, we
would expect seeds with more dissimilar communities also to
have more dissimilar root and/or rhizosphere communities. Yet
there was no significant relationship in either case, again high-
lighting that the strain-specific differences in seed-associated fun-
gal communities were probably not responsible for the observed
differences in root and rhizosphere communities across the sun-
flower strains.

Although we found minimal evidence that seed fungi con-
tribute significantly to the assembly of root and rhizosphere fun-
gal communities, certain fungal taxa might be transmitted from
seeds to adult plants. For instance, there could be a selective
pressure for plants to have symbiotic fungal taxa residing in
their seeds (Ewald, 1987; Rudgers et al., 2009). While there
were relatively few putatively symbiotic taxa, probably as a
result of symbiotic fungi being rare and/or not well represented
in the database we used, our results suggest that symbiotic fungi
are much more readily promoted in roots and rhizosphere than
in seeds. In addition, our results indicate lower fungal pathogen
prevalence in root and rhizosphere samples than in seeds
(Fig. 5), suggesting that the sunflower seeds may in fact be more
susceptible to fungal pathogens than roots or rhizosphere and
that those pathogens are filtered out of roots as the plant grows
(Afzal et al., 2010).

Given our findings and previous work showing that soil is an
important inoculum governing the assembly of the plant

(a)

(c)

(b)

Fig. 5 The presence of putative fungal
symbionts (a) and mean relative abundance
of putative fungal pathogens (b) across
rhizosphere, root, and seed samples. Each
point represents the value for each sunflower
(Helianthus annuus) strain, and individual
points are presented over boxplots, where
boxes and center lines represent first
quartiles, medians, and third quartiles. (c)
Genus-level differences in putative pathogen
fungal community composition across
rhizosphere, root, and seed samples are
shown as a heat map. Values represent mean
relative abundances within individual strains
(%), and colors indicate lower relative
abundances (blue) and higher relative
abundances (red).
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microbiome (Turner et al., 2013; de Souza et al., 2016), microor-
ganisms external to seeds and seedlings are likely to be the princi-
pal inocula for newly developing plants. If plant-associated
microbial communities are largely assembled from external
sources, it may be possible to manipulate these sources, and thus
the plant microbiome. Together, these results suggest that this
may be done by altering the environment or potentially by select-
ing for plant varieties with different effects on microbial commu-
nities (e.g. Panke-buisse et al., 2014). This could provide
important opportunities for agricultural improvements where
specific plant-associated microbial communities can increase crop
yield, improve crop characteristics, and potentially decrease the
reliance on irrigation and fertilizer inputs.

Conclusions

As plants and their associated microbial communities depend
on one another (Vandenkoornhuyse et al., 2015), a more
comprehensive understanding of these relationships is critical
for efforts to manage or manipulate the plant microbiome to
improve crop yields (Farrar et al., 2014). Our results demon-
strate that intraspecific differences in bacterial communities
across sunflower strains spanning different degrees of domesti-
cation are relatively minor, but that there is probably an
important effect of plant genotype on the assembly of rhizo-
sphere fungal communities. Moreover, intrinsic differences in
microbial communities across the seeds of different strains are
unlikely to be important contributors to root and rhizosphere
community assembly in healthy adult plants. This information
helps us better understand plant–microbe relationships and
could be used to improve crop yields.
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